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High-speed force mapping on living cells with a small cantilever atomic
force microscope
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The imaging speed of the wide-spread force mapping mode for quantitative mechanical measure-
ments on soft samples in liquid with the atomic force microscope (AFM) is limited by the band-
width of the z-scanner and viscous drag forces on the cantilever. Here, we applied high-speed, large
scan-range atomic force microscopy and small cantilevers to increase the speed of force mapping by
≈10−100 times. This allowed resolving dynamic processes on living mouse embryonic fibroblasts.
Cytoskeleton reorganization during cell locomotion, growth of individual cytoskeleton fibers, cell
blebbing, and the formation of endocytic pits in the cell membrane were observed. Increasing the
force curve rate from 2 to 300 Hz increased the measured apparent Young’s modulus of the cells by
about 10 times, which facilitated force mapping measurements at high speed. © 2014 AIP Publishing
LLC. [http://dx.doi.org/10.1063/1.4885464]

I. INTRODUCTION

The force mapping imaging mode1–3 of the atomic force
microscope (AFM) can generate maps of the topography and
Young’s modulus of living cells and thus allows studying their
mechanics.4–8 In the force mapping mode, individual force
vs. distance curves (“force curves”) are recorded on differ-
ent xy-positions on the sample surface. A subsequent analy-
sis then reveals the sample topography and the local Young’s
modulus. The absence of lateral forces on the sample makes
force mapping particularly suited for gentle imaging of living
cells.4

The slow imaging speed of the force mapping mode in
a liquid environment, however, hampers the investigations of
highly dynamic systems such as living cells. The speed limi-
tation is mainly caused by two components: (i) the z-scanner
and (ii) the cantilever.

(i) The z-scanner drives the sample toward the cantilever
until the measured force on the cantilever tip exceeds a
preselected trigger force, at which point the sample is
retracted. The z-scanner may overshoot, owing to iner-
tial effects, resulting in a tip-sample force that exceeds
the trigger force. To reduce the overshoot to an accept-
able (non-invasive) level, the force curve rate is usu-
ally limited to ≈1%–10% of the first resonant frequency
of the z-scanner, giving a maximum force curve rate of
10−100 Hz for conventional AFMs.

(ii) The cantilever experiences velocity-dependent viscous
drag forces, which introduce measurement artifacts and
may lead to sample damage.4, 9–11 Force curve veloc-
ities of ≈1−20 μm/s are commonly used on living
eukaryotic cells, which limits the force curve rate to
≈0.5−10 Hz.8, 12, 13 Larger force curve velocities of up to
≈100 μm/s are possible using the quantitative imag-
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ing (QI) force mapping mode by JPK, which uses a
“dynamic baseline correction” to correct the viscous drag
in the force curves.14, 15

The overshoot of the z-scanner can be avoided by driv-
ing the z-scanner with a sinusoidal voltage and using a feed-
back loop to keep the maximum tip-sample force constant.
This method is used in pulsed force mode16 and also in Peak-
Force tapping mode.17 Force curve rates in the kilohertz-range
can be reached in these imaging modes, especially on hard
samples in air, which is an enormous speed improvement
compared to conventional force mapping. Consequently, es-
pecially PeakForce tapping has become popular for mapping
mechanical properties over the last few years.18 However, the
speed limitation due to viscous drag forces in liquid remains
and becomes particularly relevant when imaging soft sam-
ples such as eukaryotic cells that have a Young’s modulus of
≈10 kPa or less. The force curve rate in PeakForce tap-
ping is thus typically reduced to ≈250 Hz using a z-range of
≈400 nm when imaging eukaryotic cells in liquid.19 A larger
z-range and thus smaller force curve rate is necessary in the
case of very soft, sticky, or highly structured cells to ensure
that the tip lifts off the surface in between the force curves.
Additionally, the peak force exerted on the sample signifi-
cantly deviates from the preselected setpoint whenever the
sample height or stiffness varies largely between two succes-
sive pixels. The distance between two successive pixels must
therefore be chosen small enough to ensure a proper track-
ing of the surface and a gentle imaging. In the force mapping
mode, there is no such limitation and the number of force
curves per force map can be easily reduced for improving
the temporal resolution and for minimizing the overall energy
dissipated into the cell.

The speed limitation of the force mapping mode can be
overcome by using high-speed atomic force microscopy with
small cantilevers.20–23 The resonant frequencies of high-speed
AFM scanners are up to 100 times higher compared to con-
ventional AFM scanners and the viscous drag is significantly
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reduced when using small cantilevers,20 which enables much
faster force measurements in liquids.24

To investigate adherent eukaryotic cells (size usually in
between 10 and 100 μm in xy-direction and 2–10 μm in z-
direction) an AFM scanner with a sufficiently large scan range
is needed. Achieving large scan ranges and high resonant fre-
quencies at the same time is difficult, since large scanners
usually have small resonant frequencies.25 High-speed atomic
force microscopy has thus only rarely been applied to living
eukaryotic cells so far.26–28

Here, we use an improved version of a high-speed AFM
described previously.23 In combination with small cantilevers,
we recorded sequences of high-speed force maps on living
mouse embryonic fibroblasts (MEFs) with a resolution of 128
× 128 pixels in less than 1.5 min per map. This is 10−100
times faster compared to conventional force mapping, which
allowed us to resolve dynamics of the cytoskeleton and the
membrane.

II. EXPERIMENTAL METHODS

A. High-speed atomic force microscope setup

The scanner was an improved version of our previous
high-speed, large-range scanner.23 Piezo stacks in combina-
tion with a high-bandwidth piezo amplifier allowed a scan
range of 19 μm × 19 μm in xy and a z-range of 5.5 μm. All
piezos were equipped with strain gauge displacement sensors.
A strain gauge amplifier (Piezomechanik, Munich, Germany)
measured the piezo displacements and provided a noise-level
of 21 pm/

√
Hz for the xy-sensors and 10 pm/

√
Hz for the z-

sensor. Low-pass filtering with a −3 dB cut-off frequency of
3 kHz for the xy-sensors and 100 kHz for the z-sensor re-
sulted in an RMS noise of 1.2 nm and 2.9 nm, respectively. A
self-built analogue feedback controller allowed closed-loop
operation in xy. The xy-scanner’s nonlinearity was evaluated
by imaging a calibration grid with a pitch of 500 nm, giv-
ing <±0.5% over the whole scan range. This is significantly
less compared to the nonlinearity when imaging the same area
without position feedback (±7%).

A homebuilt optical-lever-based AFM measurement head
was used. Its optics produced a diffraction-limited focused
spot size of 2.6 μm × 7.2 μm (1/e2-diameter of the irradi-
ance), which was small enough for the cantilevers used in
this study. The cantilevers had an optical transmittance of
≈50%, causing a large fraction of the incident beam to scat-
ter from the sample surface, giving rise to interference fringes
in force curves. Using a superluminescent diode (wavelength
λ = 680 nm, power P = 5 mW) with a ≈10 times smaller
coherence length compared to the conventionally used sin-
gle mode laser diodes reduced these fringes to an acceptably
small level (<0.1 nm). Although the optical interferences are
usually unwanted, they also provide an internal ruler for cal-
ibrating the z-sensor.29 Using this simple method, the strain
gauge z-sensor was calibrated and its nonlinearity was found
to be <±1% over the full z-range.

The high-speed AFM was combined with an optical top
view zoom microscope to facilitate the alignment of the fo-
cused spot on the cantilever and the coarse positioning of the

cantilever relative to the sample (see Fig. 1S in the supple-
mentary material30).

To investigate living mammalian cells at 37 ◦C, we glued
a small heatable sample stage on top of the z-piezo. This light-
weight sample stage (<0.4 g) had a cylindrical shape with a
height of 1 mm and a diameter of 6.5 mm. It consisted of a
small neodymium magnet, which was wrapped by a heating
wire and embedded in a thermally conducting epoxy. A small
PT100 resistor was attached to the sample stage to measure its
temperature. The thermal expansion of the sample stage in the
z-direction was only ≈110 nm/◦C. The thermal drift could be
kept below ±10 nm using a temperature feedback controller.

B. Small cantilevers

Small cantilever prototypes (NanoWorld, Neuchâtel,
Switzerland) made of polysilicon [Fig. 1(c)] or silicon nitride
(Figs. 1(a) and 1(b), and 1(e), and Figs. 2–7) were used. Both
cantilever types had a thickness of 100 nm and a gold re-
flection coating of 40 nm. The polysilicon cantilevers had a
width of 4 μm and a length of 10 μm. The silicon nitride can-
tilevers were 4 μm wide and 14 μm long. The cantilever tips
were formed by electron beam deposition. Their length was
2.5 μm, which was usually large enough to overcome the
large height differences of the cells. The tilt of the tips was
10◦ to compensate for the mounting angle of the cantilever
holder [Fig. 1(a)]. The tips had a high aspect ratio with a half-
cone angle of only 8◦ and a nominal tip-end radius of <10
nm [Fig. 1(b)]. The spring constants of the cantilevers were
0.10−0.12 N/m and were calibrated before the measurements
by the thermal noise method.31–33

Due to thermal drift, the position of the focused spot
on the cantilever may change over time. While this drift
may be negligible for large cantilevers, it can significantly
change the deflection sensitivity of the optical lever sensor for
small cantilevers. To account for such changes, we occasion-
ally re-calibrated the sensitivity by the inverse thermal noise
method.34

C. High-speed force mapping

The local Young’s modulus was evaluated by perform-
ing a least square fit of Sneddon’s contact model for conical
tips,3, 35

F = kd = E

1 − ν2

2 tan α

π
δ2, (1)

to the approach part of the force curves. Here, F is the force,
k is the cantilever spring constant, E is the Young’s modu-
lus, and α is the half-cone angle of the tip. An incompressible
sample with a Poisson’s ratio of ν = 0.5 was assumed. The in-
dentation δ of the tip into the sample was determined from the
recorded cantilever deflection d and the z-scanner displace-
ment as δ = (z − z0) − (d − d0). Here, z0 and d0 are the z-
position and cantilever deflection, respectively, when the tip
first contacts the sample. To accurately determine the sample
indentation, it was necessary to measure the z-displacement
by a sensor to account for piezo nonlinearity, creep, and
hysteresis. We found that the Young’s modulus obtained
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FIG. 1. Small vs. large cantilevers. (a) Side view and (b) close-up of the tip
of a small cantilever by scanning electron microscopy. (c) Approach (red)
and retract (blue) force curves recorded in distilled water on mica with a
large cantilever (upper curve, PNP cantilever, NanoWorld, Neuchâtel, trian-
gular shape, length 200 μm, width 2 × 28 μm, k = 0.053 N/m, first reso-
nant frequency in water at 3.8 kHz) and a small cantilever (lower curve, pro-
totype cantilever, NanoWorld, Neuchâtel, rectangular shape, length 10 μm,
width 4 μm, k = 0.12 N/m, first resonant frequency in water at 220 kHz).
Both curves were recorded with almost the same force curve velocity (250
μm/s and 280 μm/s, respectively). The curves were vertically and horizon-
tally offset for better visibility. (d) Viscous drag force on the large (black
circles) and small (grey triangles) cantilever plotted versus the force curve
velocity. A linear function was fitted to the data (straight lines). The forces
for the small cantilever were scaled up by a factor of 10 for a better visibil-
ity. The viscous drag coefficient (slope of the linear function) was 44 times
smaller for the small cantilever than for the large cantilever. (e) Typical force
curve recorded with a small cantilever on a living MEF (force curve velocity
400 μm/s).

without the sensor (just by using the piezo drive voltage as
it is common practice) deviated by up to a factor of 2 from
that when using the sensor.36 It should be kept in mind that
Sneddon’s contact model assumes a homogeneous, isotropic,
smooth, and linear elastic sample. In reality, cells are highly
heterogeneous and textured materials that show nonlinear and
viscoelastic behavior. We therefore prefer to term the calcu-
lated Young’s modulus as “apparent” Young’s modulus in the
following.

The fit parameter z0, representing the “contact height”,
allowed creating an image of the surface topography from the
force map data. The “trigger height” ztrig, defined as the z-
scanner displacement at which the trigger force was reached,
gave a topography image of the deformed sample. The appar-
ent Young’s modulus E usually varied over several orders of
magnitude across the mapped surface and was thus plotted on
a logarithmic scale. The mean apparent Young’s moduli given
throughout the paper correspond to the geometric mean.

A trigger force of 0.45−0.55 nN was chosen for the mea-
surements in this study. The z-range of the force curves was
set to ≈1.3 μm. The velocities of the approach and retract
curves were set to <850 μm/s, which ensured that the viscous
drag forces on the cantilever remained below 0.1 nN (<20%
of the trigger force). The resulting force curve rates were in a
range of 150–350 Hz and allowed recording a force map with
128 × 128 pixels within 90−200 s.

D. Cell culture

Mouse embryonic wild-type fibroblasts (MEFs)37 were
cultured in low-glucose (1 g/l) Dulbecco’s modified Eagle’s
medium (DMEM, Life Technologies, Carlsbad, CA, USA)
supplemented with 10% (v/v) fetal calf serum (PAA Labo-
ratories, Pasching Austria), 2 mM L-glutamine (PAA), and
100 U/ml penicillin–streptomycin (PAA) at 5% (v/v) CO2 and
37 ◦C. Circular disks of muscovite mica with a diameter of
6 mm were attached to 0.1 mm thin plates of magnetic stain-
less steel with a diameter of 6 mm with a bio-compatible
epoxy adhesive. This allowed fixing the samples magneti-
cally to the stage. The mica surfaces were freshly cleaved and
then functionalized by suspension in a 5 μg/ml solution of fi-
bronectin (Roche Diagnostics, Mannheim, Germany) for ≈30
min at 37 ◦C. Subsequently the cells were seeded on the fi-
bronectin coated mica surface. The living cells were imaged
at 37 ◦C in CO2-independent Leibovitz L-15 medium (Life
Technologies, supplemented with 10% fetal calf serum) 24–
48 h after seeding.

III. RESULTS AND DISCUSSION

A. Reducing viscous drag forces by using small
cantilevers

To characterize the viscous drag forces, we recorded
force curves with different force curve velocities on a freshly
cleaved mica surface in distilled water. Both a conventional
large contact mode cantilever and a small prototype cantilever
were used. At a velocity of 250 μm/s the approach and re-
tract parts for the large cantilever were significantly separated
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FIG. 2. Taking a look inside living cells by recording high resolution, high-
speed force maps. (a) and (b) Contact height images, (c) and (d) trigger height
images, and (e) and (f) apparent Young’s modulus images from two consecu-
tively recorded force maps on the periphery of a living MEF. While the con-
tact height images show the fairly smooth surface of the plasma membrane,
the trigger height and apparent Young’s modulus images reveal the under-
lying network of cytoskeleton fibers. A small globular feature can be found
in the trigger height images that changed its position in between the maps
(white arrows in (c) and (d)). Force curve velocity 850 μm/s, force curve rate
333 Hz, 128 × 128 pixels.

from each other above the surface by a force 2Fvisc = 2.1 nN
(Fig. 1(c), upper curve). In contrast, there was almost no sep-
aration observable for the small cantilever (Fig. 1(c), lower
curve). A plot of the viscous drag force Fvisc as a function
of the force curve velocity shows a linear dependency for
both cantilevers [Fig. 1(d)]. The proportionality factor (“vis-
cous drag coefficient”) was 44 times smaller for the small
cantilever than for the large one (0.098 μN

m/s , and 4.35 μN
m/s , re-

spectively). This impressively demonstrates that small can-
tilevers are much less prone to viscous drag than large ones
and consequently allow much faster force curve or force map-
ping measurements. Additionally, the smaller viscous drag
coefficient of smaller cantilevers results in a smaller measured
force noise in a given bandwidth.24 This is apparent from
the noise level in the non-contact region of both force curves
[Fig. 1(c)], which was 4.1 times smaller for the small can-
tilever than for the large one (RMS value of 12.9 pN and 53.2
pN, respectively, in a bandwidth from 0.5 to 100 kHz). Small
cantilevers are thus suited for both high-speed and low-noise
force mapping measurements. The respective noise spectra of
the thermal motion of the cantilevers in distilled water can be
found in Fig. 2S in the supplementary material.30

A typical force curve recorded with a small cantilever
and a velocity of 400 μm/s on a living MEF is shown in
Fig. 1(e) (taken from frame 31 in Fig. 3). Sneddon’s con-
tact model was fitted to the approach part of the force curve

(blacked dashed line), giving an apparent Young’s modulus
of 64 kPa. The cantilever was exposed to a viscous drag force
of 35 pN, which is 13 times smaller than the preselected trig-
ger force of 0.45 nN. At the same velocity the large cantilever
from Fig. 1(c) would be exposed to a viscous drag force of
1.8 nN, which exceeds the trigger force by a factor of 4.
Consequently, much larger trigger forces are required for
large cantilevers, thereby inducing much larger and possi-
bly destructive sample indentations. Note that the maximum
imaging speed of the recently introduced force-curve-based
imaging modes of Bruker (PeakForce tapping) and JPK (QI
mode) is also limited by the viscous drag of the cantilever.
These imaging modes would therefore also benefit signifi-
cantly from the use of smaller cantilevers.

B. Taking a look inside living cells

Figure 2 shows two subsequent force maps (left and right
column) that were recorded with high speed (350 Hz force
curve rate) and at high resolution (128 × 128 pixels) on the
periphery of a living MEF. The contact height images (a) and
(b) show the substrate (black) and the relatively smooth sur-
face of the cell body (violet-yellow). In contrast, the trigger
height images (c) and (d) reveal a branched network of fibers
with widths ranging from ≈60 nm (grey arrows) to ≈300
nm (black arrows). These fibers correspond to the cytoskele-
ton, which becomes visible when the tip indents the cell and
probes structures lying beneath the surface.12 The high aspect
ratio of the small cantilever tip leads to small contact areas
even for large sample indentations (between 200 and 600 nm)
and thereby provides a high lateral resolution. A comparison
of the trigger height images (c) and (d) shows that the struc-
ture of the fiber network remained almost unchanged within
the acquisition time of 1.5 min. However, a globular feature
with a width of ≈300 nm is visible that changed its position
in between both images (straight and curved white arrow in
(c) and (d)).

The local apparent Young’s modulus E on the cell varies
from 5 to 120 kPa [Figs. 2(e) and 2(f)]. Areas where the mem-
brane was supported by underlying cytoskeleton fibers appear
significantly stiffer (red, 25–120 kPa) than areas where the
membrane was not supported (blue, 5–15 kPa). The geomet-
ric mean of the apparent Young’s modulus of the cell body
was Ē = 20 kPa.

The force maps do not allow a precise identification of
the observed cytoskeleton fiber type (microtubules, actin fila-
ments, or intermediate filaments). It is known, however, that
the cortical layer and the cell edges mainly consist of actin
and actin-binding proteins such as myosin motors that reg-
ulate the tension of the cytoskeleton. Microtubules and in-
termediate filaments, on the other hand, are mainly present
in the center of the cell.38, 39 Since the indentation was only
200–300 nm on top of the observed fibers, they presumably
consist of actin.

C. Long-term, high-speed force mapping

The force map sequence shown in Fig. 3 was recorded
within 108 min on the periphery of a living MEF (see video
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FIG. 3. Long-term, high-speed force mapping on the periphery of a living MEF. (a)–(e) Contact height images, (f)–(j) trigger height images, and (k)–(o)
apparent Young’s modulus images from a sequence of 31 force maps acquired over 108 min. The shape of the cell and its local apparent Young’s modulus
undergo significant changes, indicating a reorganization of the underlying cytoskeleton network. The white dashed line in (e) shows the contour of the cell at t
= 0. Force curve velocity 400 μm/s, force curve rate 151 Hz, 128 × 128 pixels. (Multimedia view) [URL: http://dx.doi.org/10.1063/1.4885464.1]

for all 31 force maps). Significant changes in the cell’s mor-
phology and mechanics are apparent. A comparison between
the cell’s contour observed at t = 0 [white dashed line in
Fig. 3(e)] and t = 105 min indicates the regions, where the
cell had grown or retracted. The contact height images (a)–(e)
show small microvilli-like structures with a width of ≈1 μm
and a height of 100–500 nm on the cell surface that are highly

FIG. 4. Dependency of the apparent Young’s modulus of a living MEF on
the force curve rate. The data points correspond to the geometric mean of
the apparent Young’s modulus from force maps (15 × 15 pixels) recorded
on top of the cell. The error bars show the geometric standard error. The
modulus increased by a factor of 10 when increasing the force curve rate
from 2 to 300 Hz. The force curve rate was changed randomly between
the maps to make the measurement insensitive to a slow reorganization
of the underlying cytoskeleton network (color of the data points corresponds
to the time of acquisition of the map). All maps were recorded within
20 min. The contact height in the mapped area was 3.2 μm on average, which
is significantly larger than the maximum indentation (≈600−300 nm). This
allowed neglecting contributions from the underlying substrate on the mea-
sured modulus, because such contributions were found to be insignificant for
indentations smaller than ≈25% of the cell’s local height.47 Figure 3S in the
supplementary material30 shows a high resolution contact height image of the
investigated MEF and two trigger height images of the investigated scan area
recorded immediately before and after the measurement series.

dynamic (e.g., small black arrows in (b) and (d)). The appar-
ent Young’s modulus images (k)–(o) vary with time, suggest-
ing structural changes in the cell’s cytoskeleton. At t = 0 the
geometric mean of the cell’s apparent Young’s modulus in
the imaged area was relatively large (Ē ≈ 67 kPa), then de-
creased to ≈50 kPa at t = 53 min and finally increased again
to ≈65kPa at t = 105 min. Individual cytoskeleton fibers
are resolved less clearly in the trigger height images (f)–(j)
(compared to Fig. 2) due to the large scan size of 18 μm
× 18 μm.

The observed dynamics demonstrates that the induced
tip-sample forces did not severely weaken or damage the cell.
Also, we did not identify image artifacts in the force maps
that could be explained by cellular debris attaching to and de-
taching from the tip over time (e.g., degradation of image con-
trast or sudden changes in height or Young’s modulus). Con-
sequently, high-speed force mapping is suited for long-term
investigations of living cells.

D. Velocity dependence of the apparent
Young’s modulus

In previous conventional force mapping studies (force
curve rates ≈1 Hz), the average modulus of MEFs was found
to be well below 10 kPa.7, 40 This is significantly less com-
pared to the moduli found above. It has been shown that
the measured apparent Young’s modulus of eukaryotic cells
increases with the force curve velocity owing to the vis-
coelastic nature of the cells.39, 41–43 The previous studies
were conducted with force curve velocities below ≈60 μm/s,
which is up to 14 times smaller than the force curve ve-
locities used here. We thus investigated the dependence
of the apparent Young’s modulus on the force curve rate
by recording force maps with 15 × 15 pixels and a rate
in between 2 and 300 Hz in a small area on top of
a MEF. The corresponding force curve velocities ranged
from 5 to 800 μm/s (z-range of ≈1.3 μm). For a force
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FIG. 5. Growing fibers observed by time-lapse force mapping. Data from five consecutive force maps are shown. (a)–(e) Contact height images. (f)–(j) Trigger
height images (third order polynomial plane fit subtracted for better visibility). The growth process of a distinct fiber is indicated by small blue arrows. Force
curve velocity 400 μm/s, force curve rate 158 Hz, 128 × 128 pixels. (Multimedia view) [URL: http://dx.doi.org/10.1063/1.4885464.2]

curve rate of 2 Hz an apparent Young’s modulus of
≈3 kPa (Fig. 4) was measured, which is in accordance with
previous studies.7, 40 As expected, the apparent Young’s mod-
ulus increased when increasing the force curve rate. An ap-
parent Young’s modulus of ≈30 kPa was found for a force
curve rate of 300 Hz.

Interestingly, the apparent Young’s modulus increased
with a significantly smaller slope for force curve rates f in
a region between 2 and 20 Hz than for larger rates in a
region between 20 and 300 Hz (on a double-logarithmic
scale). Fitting the two data regions with a power law
Ē (f ) αf β gave an exponent β of 0.17 and 0.72, respectively.
A similar power law behavior was found for the complex
dynamic modulus of living cells by different types of micro-
rheological measurements.38, 44–46 However, force curves in-
duce non-sinusoidal stresses and strains. A direct comparison
between the apparent Young’s modulus and the complex dy-
namic modulus is thus difficult.

The observed stiffening of the cells at increasing frequen-
cies offers a practical advantage in high-speed force mapping
over conventional force mapping, since larger trigger forces
can be used, which improves the signal to noise ratio of the
measurement.

E. Observation of growing fibers

The force map sequence shown in Fig. 5 (see video) re-
veals several fiber-like structures growing on or near the sur-
face of a living MEF. A distinct fiber is indicated by small
blue arrows in the contact height images (a)–(e) and trigger
height images (f)–(j). At t = 0 min, the length of the indicated
fiber was measured as ≈1 μm in the contact height image (a)
and ≈0.5 μm in the trigger height image (f). At t = 7 min
the fiber length increased to ≈2 μm in the contact height

image (c) and to ≈1.5 μm in the trigger height image (h).
In the contact height images the fiber length subsequently de-
creased again to ≈1.5 μm at t = 10.5 min (d) and the fiber
finally vanished at t = 14 min (e). In the trigger height im-
ages, however, the fiber remained visible with a length of
≈2 μm (j), which indicates that it has moved from the cell sur-
face toward the underlying cytoskeleton. The whole sequence
consists in complete of 14 force maps, which reveal more
fibers with similar dynamics (see video). The growth rates of
the fibers measured from the trigger height images vary be-
tween 2 and 10 nm/s. More growing fibers can be viewed in
Fig. 6 (see video).

The observed dynamics likely reveals the polymerization
of actin filaments or filament bundles, a process which is es-
sential for the morphology, motility, and mechanics of eu-
karyotic cells.48, 49 The real-time polymerization of individual
actin filaments has been observed on streptavidin 2D crystal
substrates by high-speed tapping mode AFM.50 To our knowl-
edge such a growth process has not been imaged before by
AFM inside a living eukaryotic cell.

F. Endocytosis

Figure 6 (see video) shows six contact height images ob-
tained from a force map sequence recorded on top of a living
MEF. Several small pits can be identified on the surface of the
plasma membrane. The pits appeared and then disappeared
≈2–6 min later by forming protrusions (colored arrows). The
protrusions had a height of 220 ± 25 nm (mean ± standard
error of the mean, n = 14) and usually disappeared 2–4 min
after pit closure.

The observed pits may be formed during endocytosis, a
process in which cells absorb large molecules such as proteins

FIG. 6. Endocytosis. (a)–(f) Contact height images from a sequence of six consecutive force maps recorded on a living MEF. The sequence shows several
endocytic pits in the cell membrane that close over time by forming a protrusion (arrows). The images are zoom-ins (60 × 80 pixels) to the recorded force maps.
Force curve velocity 590 μm/s, force curve rate 227 Hz, 128 × 128 pixels. (Multimedia view) [URL: http://dx.doi.org/10.1063/1.4885464.3]
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FIG. 7. Blebbing of a MEF. (a) and (b) 3D-rendered trigger height of
two consecutive force maps. Several irregular bulges (“blebs”) were found
on the cell surface that grew or shrank with time (red and blue arrows,
respectively). (c) Height difference, showing regions that increased (red)
and decreased (blue) in height. (d) Apparent Young’s modulus of the sec-
ond force map. The blebs were, on average, about one order of magni-
tude softer than the surrounding cell body. Force curve velocity 600 μm/s,
force curve rate 231 Hz, 128 × 128 pixels. (Multimedia view) [URL:
http://dx.doi.org/10.1063/1.4885464.4]

that cannot pass through the plasma membrane. In course of
endocytosis, small pits are formed in the membrane to enclose
the molecules, thereby forming lipid vesicles, which are then
transported into the cytoplasm.51 Endocytic pits that closed
by the formation of protrusions have already been observed
by scanning ion conductance and fluorescence microscopy in
the cell membrane of COS-7 and NIH-3T3 fibroblasts.52, 53 A
similar process was imaged recently by high-speed tapping
mode AFM on living HeLa cells.27

G. Blebbing

On some MEFs, several large irregular bulges with a
width of ≈1–4 μm and a height of up to 2 μm were found,
which either grew (red arrows) or shrank (blue arrows) with
time [Figs. 5(a) and 7(b)]. The height difference between
both images highlights the growing (red) and shrinking (blue)
bulges [Fig. 7(c)]. The apparent Young’s modulus of these
bulges was significantly smaller (≈3.5 kPa) compared to the
surrounding cell surface (≈30 kPa) [Fig. 7(d)]. A short video
of the full force map sequence showing the apparent Young’s
modulus overlaid on the 3D-rendered trigger height topogra-
phy can be found in the supplemental data (consisting of 6
force maps acquired within 14 min). The video shows that
some bulges disappear entirely, both in the topography and in
the apparent Young’s modulus image.

The bulges presumably correspond to “blebs”. Cell bleb-
bing or zeiosis is a process that can occur during cell
division, cell migration, apoptosis, or due to chemical and
physical stress.54, 55 The three stages of zeiosis start with the
localized decoupling of the plasma membrane from the cor-
tical cytoskeleton or by a local rupture of the cell cortex.
Subsequently, a membrane bulge grows due to the pressure

inside the cell, which is believed to be caused by contractile
actomyosin in the cell cortex.56 In the final stage of blebbing
the cortex gradually recovers, which leads to a retraction of
the bleb. AFM has previously been applied to locally induce
blebs in undifferentiated mouse embryonic stem cells by load-
ing the cells locally with the AFM tip with large forces of 5–
10 nN.57 AFM contact mode imaging was also used to inves-
tigate the morphological changes of the cell due to blebbing
in the course of apoptosis.58 However, this seems to be the
first demonstration that the AFM and in particular high-speed
force mapping can reveal mechanical properties of a blebbing
cell.

IV. CONCLUSIONS

We demonstrated the first high-speed AFM measure-
ments in the force mapping mode allowing the measurement
of local mechanical sample properties in addition to sample
topography. For this purpose we adapted and improved our
previously presented large-scan-range, high-speed AFM23 to
force mapping measurements on living eukaryotic cells. An
enlarged z-range of 5.5 μm was used to overcome the large
height differences found in the mouse embryonic fibroblasts
investigated in this study. Displacement sensors were imple-
mented to correct for the z-piezo nonlinearity in the recorded
force curves and to enable closed loop scanning in xy with a
maximum range of 19 μm×19 μm. A feedback-controlled
micro-sample heater was implemented for long-term mea-
surements at 37 ◦C. The viscous drag forces were reduced by a
factor of 44 by employing small cantilevers. The combination
of all these improvements allowed us to record force maps
on living cells in liquids with force curve velocities of up to
850 μm/s, which is ≈10−100 times faster compared to con-
ventional force mapping4, 5, 8 and ≈4–10 times faster than the
recently introduced force-curve-based imaging modes such as
PeakForce tapping mode19 or QI mode.14, 15 High-resolution
force maps with 128×128 pixels were acquired within
1.5 min, thereby enabling the observation of several dynamic
processes on living cells.

High-speed force map sequences were recorded on liv-
ing cells for up to 2 h without inducing noticeable sample
damage. About ten times higher apparent Young’s moduli
were measured by high-speed force mapping compared to
conventional force mapping, which can be explained by the
viscoelastic nature of cells. Our data revealed processes oc-
curring on or closely beneath the plasma membrane such as
endocytosis, cell blebbing, and the growth of individual fibers.
The simultaneously obtained trigger height images provided
detailed structural information from the underlying cytoskele-
ton. In conclusion, we showed that high-speed force mapping
with small cantilevers is well suited for fast imaging of living
cells, allowing to simultaneously record morphological and
mechanical sample properties.
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